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General Introduction: 
The integrity of our genomic DNA is essential for a healthy life, but is continuously 
threatened upon exposure to DNA damaging agents that are omnipresent; the oxygen 
we breath, the sunlight we often enjoy and the food we eat can result in damage to the 
DNA of our cells (1). DNA damage alters the structure of the DNA and as such it 
interferes with the work of DNA and RNA polymerases (1, 2). Persistent damage can 
ultimately result in genomic instability which, in germ cells, positively contributes to 
evolution, but can also lead to heritable diseases. In somatic cells mutagenesis is 
mainly known for its role in cancer. To mitigate the harmful effects of DNA damage 
cells activate DNA damage responses, including cell cycle arrest, activation of DNA 
repair pathways, senescence and apoptosis (3).  

Understanding the control of DNA damage-induced mutagenesis may contribute to the 
treatment or prevention of cancer. This chapter describes factors that control the DNA 
damage response, including DNA damage signaling and mutagenesis, with particular 
attention to DNA damage induced by ultraviolet light (UV) and by 2-Amino-1-methyl-6-
phenylimidazo(4,5-b)pyridine (PhIP), two genotoxic agents related to cancer formation 
in the skin and the gastro-intestinal tract, respectively. The final part of this chapter 
deals with DNA mismatch repair (MMR), a pathway which main function is thought to 
be the correction of misincorporations by DNA polymerases. However, MMR may also 
play an important role in the cellular response to DNA damage. 
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The risk of being a carnivore on a sunny day: cancer 
For diurnal life one of the most common sources of DNA damage is UV radiation from 
sunlight. Although limited sunlight exposure seems beneficial for human health (4), too 
much exposure is correlated with skin cancer development (5). Globally, the incidence 
of skin cancer was over 1.5 million in 2020 (6) and over the years incidence has been 
rising steadily (5). Skin cancer is a heterogenous disease and can be divided based 
on the cell type of origin; basal cell carcinomas, squamous cell carcinomas, sebaceous 
carcinomas and melanocyte originated melanomas (7, 8). The different skin cancer 
types have different mortality rates, with melanomas being the most lethal and non-
melanoma skin cancers being relatively harmless, if diagnosed early on (5). The 
difference in mortality may be explained by the propensity of melanomas to invade and 
metastasize, whereas the non-melanoma skin cancers remain more localized (9). Skin 
cancer incidence is markedly different between different population groups, with skin 
cancer being the most common cancer in Caucasians (5). White skin contains the least 
amount of melanin and provides the least protection against sunlight highlighting the 
importance of UV-radiation as the driving etiological factor in skin cancer (10). UV-light 
is divided into three groups, UVA (320-400 nm), UVB (280-320 nm) and UVC (200-280 
nm). Wavelengths under 315 nanometer are effectively filtered by the ozone layer and 
thus skin tissue is mostly exposed to UVA and UVB wavelengths (11). UVA is weakly 
mutagenic and produces both oxidative lesions and low levels of cyclobutane 
pyrimidine dimers (CPD) (12), while UVB is more mutagenic and produces high levels 
of CPD and lower levels of 6-4 photoproducts (6-4PP) (11). Following a 30 minutes 
exposure to sunlight on a clear day, skin cells accumulate nearly two hundred thousand 
CPD per genome, which lesion frequency is approximately 5-fold higher than the 
number of endogenous DNA lesions occurring in each human cell during a whole day 
(13, 14). Photolesions are formed by direct absorption of UV light by DNA resulting in 
intrastrand crosslinks between two adjacent pyrimidines, but CPD only mildly distort 
the DNA helix structure, whilst 6-4PP heavily distort the DNA helix (11). This results in 
6-4PP being recognized by DNA repair mechanisms more rapidly than CPD (15). As 
such, sunlight-induced mutagenesis mostly comes from CPD produced by exposure 
to UVB radiation (16). UVB-induced CPD lesions in human skin are found most often 
at thymidine-thymidine dimers followed by thymidine-cytosine dimers, whilst cytosine-
thymidine and cytosine-cytosine dimers are found least often (17). Curiously, the 
mutational signature of skin tumors is characterized by mutations on cytosines, 
specifically cytosine to thymidine transitions and not by mutations on the more 
commonly induced thymidine CPD (18). This may be explained by deamination of 
cytosine CPD adducts and the subsequent replication of these deaminated cytosines 
resulting in aforementioned C>T transitions (18). Moreover, replication of thymidine 
CPD is a relatively error-free process whereas replication of cytosine CPD more often 
results in replication errors (19).  

Another common source of DNA damage is the diet and this is often associated with 
the development of colorectal cancer (CRC) (20, 21). CRC is the third most common 
cancer type world-wide, with nearly 2 million new cases in 2020 and a mortality of 
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nearly 1 million (6). Moreover, incidence is significantly higher in developed countries, 
such as those in North America and Western Europe, while the lowest incidence is 
found in countries found on the African continent (6). Importantly, in developing 
countries, such as those found in Eastern Europe and Eastern Asian regions, CRC 
incidence is strongly on the rise (20). The most likely explanation for these geographic 
difference in CRC incidence are life-style factors such as a diet, consisting of high 
caloric intake and red meat, and reduced amounts of physical activity, which is more 
often observed in rapidly developing and wealthy countries (21, 22). Mortality, 
however, is declining in developed countries as gastro-intestinal screening procedures 
have been implemented for those at highest risk, due to age or genetic background 
(23).  

It is long known that life-style factors influence CRC development and more than a few 
DNA damaging compounds have been identified in the diet. Nitrosamines found in, 
amongst others, processed/cured meats and smoked/salted fish is thought to damage 
the DNA by forming toxic aldehydes inducing alkylation damage (24). Other dietary 
mutagens are primary aromatic amines, found in certain food packaging that can 
subsequently transfer into the food. Moreover, smoking meat can also result in the 
formation of polycyclic aromatic hydrocarbons, chemical compounds that are 
associated with CRC as well (25). Another group of common mutagens that are 
associated with CRC development are the heterocyclic amines (HCA). It has been 
shown that especially grilling meat at high temperatures results in increased generation 
of HCA which differs per preparation method and meat type (Table 1). Of all the various 
HCA, PhIP is the most abundant and seems to be the most mutagenic in mammalian 
cells (26). PhIP only becomes mutagenic when metabolically activated by the liver after 
which PhIP is actively transported to the intestines for clearance. Here, PhIP 
metabolites can react with DNA of intestinal (stem) cells (26, 27). Indeed, 
measurements of PhIP adducts in human colorectal mucosa show the presence of 
several PhIP adducts per 108 bases (27). In detail, PhIP damages the DNA by binding 
to the C8-position of guanines resulting in cellular toxicity and increased mutagenesis 
(28). Not surprisingly, spectra of mutations induced by PhIP consist of mutations 
specifically on guanines which mostly are guanine to thymidine transversions and 
guanine to adenine transitions (26). Spectra of PhIP-induced mutations most resemble 
the COSMIC mutagenic signatures SBS4, SBS18 and SBS29 (29). Interestingly, these 
signatures do not seem to overlap one-to-one with the CRC mutational signatures. 
This may be explained by the fact that, unlike skin cancer, where sunlight exposure 
results in an easy to interpret mutational spectrum, the mutational spectrum of CRC is 
influenced by many sources and types of DNA damaging agents resulting in scattered 
mutational signatures. A total of 8 different mutational signatures are found in CRC 
samples with etiologies ranging from age, defective DNA repair, defective replication 
proofreading and tobacco chewing (30). A definitive diet-related signature has yet to 
be uncovered, but epidemiological studies paint a clear picture: there is a significant 
correlation between intake of DNA damaging agents and colon cancer (21, 31, 32). 
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Table 1: 
Concentrations of PhIP (ng/g) in types of meat at various stages of doneness and preparation methods. 

Adapted from Gibis et al. (133). 
Meat: Temperature 

(°C) 
Time 
(min) 

PhIP (ng/g) 

Ground beef patties 
(fried)
  

150 4-20 nd-1.8 
230 4-20 1.3-3.2 
277 12 68 

Chicken (pan fried) 
Chicken (roasted) 

197-221 14-36 12-70 
175-240 24-40 nd 

Pork patties (pan-fried) 
Pork patties (broiled) 

177-225 9-21 0.3-10.5 
177-225 9-21 nd-2.7 

Bacon (oven-broiled) 
Bacon (pan-fried) 

175 7.5 15.9 
176 16.1 4.9 

 

Replication fork stalling and the activation of DNA damage 
signaling 
An important line of defense against DNA damage is the activation of DNA damage 
signaling. When DNA damage stalls the replication machinery it generates single 
stranded (ss)DNA due to the uncoupling of DNA polymerases and helicases (33). 
ssDNA is inherently fragile and may break causing toxic double stranded DNA breaks 
(DSB). To prevent this from happening ssDNA is coated with heterotrimeric Replication 
Protein A (RPA) to stabilize it (33). This coating also attracts the kinase Ataxia 
Telangiectasia and Rad3 related (ATR) via its binding partner ATR-Interacting Protein 
(ATRIP) (34). In parallel, at 3’ junctions of ssDNA and dsDNA, the Rad9-Rad1-Hus1 
complex is loaded leading to the recruitment of TopBP1 that can also active the ATR 
kinase (35). The activation of ATR, in turn, is an important event branching out in the 
activation multiple downstream effectors (36), the most well-known being Checkpoint 
Kinase 1 (CHK1). ATR phosphorylates CHK1 at serines 317 and 345 resulting in cell 
cycle arrest, transcription - and replication regulation and promotion of DNA repair.  

DNA damage can also result in DSB, which upon processing activates DNA damage 
signaling. Two apical kinases are activated upon DSB generation, namely DNA-
dependent Protein Kinase catalytic subunit (DNA-PKcs), which is recruited by Ku80 
and is mainly involved in DSB repair, and Ataxia Telangiectasia Mediated (ATM), which 
has a wide-array of downstream effectors (36). In vitro, ATM is recruited and activated 
by members of the Mre11-Rad50-Nbs1 (MRN) complex at the site of damage (37, 38), 
although there is some MRN-independent activation reported (36). ATM in turn can 
activate the tumor suppressor p53 responsible for cell cycle arrest, senescence or 
apoptosis (36). Moreover, ATM is known to phosphorylate H2AX, a modification known 
as yH2AX, which triggers a chromatin-based signaling cascade that may amplify the 
DSB signaling and promote repair (39). Chromatin is also modified by KAP-1 which 
relaxes chromatin formation and promotes DSB repair upon phosphorylation by ATM 
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(40, 41). Finally, ATM also stimulates DSB repair by promoting DSB end resection, 
exposing stretches of ssDNA that are required for the DSB repair pathway homologous 
recombination (HR) (36).  

 

 

 
Figure 1: Simplified overview of the ATR/ATM DNA damage signaling axes 
Persistent single stranded DNA (ssDNA) formations can activate ATR to induce a range of protective 
responses. The main effector kinase of ATR is CHK1 and activation of CHK1 can result in reduced origin 
firing, cell cycle arrest and increased DNA repair. Double stranded DNA breaks (DSB) can activate both 
ATR and ATM. Both pCHK2 and P53 can induce cell cycle arrest, phosphorylated H2AX can stimulate 
(DSB) DNA repair and apoptosis can be triggered via P53. ATM and ATR display overlapping substrate 
specificities, for instance ATR can activate P53 and ATM may activate CHK1. 

Obviously, the ATR/ATM signaling axes are intermingled: ATR, activated by ssDNA, 
can be recruited to a DSB after resection (42, 43) and ATM can be recruited to DSB 
formed when ssDNA formations break (36, 44). Moreover, there also seems to be 
significant overlap between the substrates of ATM and ATR: both ATM and ATR can 
activate p53 as well as CHK1 (Fig. 1) (36, 45, 46). 

DNA repair pathways to prevent genome instability 
One of the outcomes of DNA damage signaling is the promotion of the various DNA 
repair pathways (36). DNA damage comes in many forms, such as the aforementioned 
DSB, intrastrand crosslinks (such as those induced by UV), helix-distorting DNA 
lesions (such as those induced by PhIP), interstrand crosslinks and adducts resulting 
from exposure to alkylating and oxidating agents. Moreover, many of these lesions stall 
the replication machinery leading to formation of ssDNA. Each DNA lesion type is 
associated with one or more DNA repair pathways that are able to remove the damage 
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and restore the normal DNA structure (Table 2), thereby preventing mutagenesis. 
Therefore, loss of any of these pathways often results in cancer formation. For 
instance, loss of HR is often found in breast cancer (47) and loss of nucleotide excision 
repair (NER), which repairs bulky and helix-distorting lesions like those induced by UV, 
results in skin cancer and other skin-associated malignancies (48). When a DNA lesion 
goes unrepaired it may lead to different outcomes based on lesion type and lesion 
density. For instance, DNA damage from alkylation and oxidation are sometimes still 
instructive and mis-instruct DNA polymerases during replication leading to point 
mutations (49, 50). The more toxic lesion types such as bulky and DNA helix distorting 
adducts always stall the replication machinery, resulting in stretches of ssDNA that can 
become DSB (44, 51, 52). DSB can cause large genomic rearrangements, especially 
when they are repaired by error-prone end joining pathways (53). Loss of one copy of 
a segment of DNA, also known as loss of heterozygosity (LOH), is a term closely 
associated with cancer, as LOH is an important genetic event contributing to the loss 
of tumor suppressor genes (54). LOH is especially dangerous for individuals that have 
inherited a dysfunctional copy of a tumor suppressor gene, for instance inheritance of 
a faulty copy of BRCA2, an important gene in the aforementioned HR DNA repair 
pathway. Indeed, these BRCA2-heterozygous cells become HR-deficient more easily, 
thus resulting in a predisposition for cancer (55).  

 

Table 2: The varying types of DNA damage are caused by different sources, repaired by specialized 
DNA repair pathways and replicated by different polymerases. Abbreviations: BER (Base Excision 
Repair), MMR (Mismatch Repair), NER (Nucleotide Excision Repair), FA (Fanconi Anemia), HR 
(Homologous Recombination), alt/canonical NHEJ (alt/canonical Non-Homologous End Joining), SSBR 
(single strand break repair). 

 

  
DNA 
damage 
type: 

Example sources: DNA Repair 
Pathways: 

Polymerases:  

Alkylating Diet, Bile, cytostatic 
drugs (134-136) 

Methyltransferases, 
BER, NER (50) 

Replicative/TLS 
(137) 

Oxidating Mitochondria, 
inflammation (138, 
139) 

BER, MMR, NER 
(140) 

Replicative/TLS 
(141-143) 

Helix 
distorting 

Diet, UV (11, 133) NER (144, 145) TLS (62) 

Interstrand 
crosslinks 

Diet, cytostatic drugs 
(146) 

FA, NER, HR (146) TLS (147) 

Double 
stranded 
DNA break 

Ionizing radiation, 
stalled replication 
forks, repair 
intermediates (148) 

alt/canonical NHEJ, 
HR (149, 150) 

Replicative/TLS 
(150, 151) 

Single 
stranded 
DNA break 

Repair intermediates, 
Oxidation (152, 153) 

SSBR (152, 153) Replicative/PolB 
(152, 153) 
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When DNA damage persists: DNA damage tolerance 
In replicating cells, DNA lesions that escape repair can result in stalling and eventual 
collapse of the replication fork which results in the generation of DSB (44). To prevent 
DSB-associated mutagenicity and toxicity the cell activates DNA damage tolerance 
(DDT) mechanisms that allow replication of a damaged DNA template (56). Two major 
pathways for DDT have so far been uncovered: an error free pathway called template 
switching and translesion synthesis (TLS), an inherently error-prone pathway (56). 
Coordination which pathway performs the bypass seems to be directed post-
translational modifications at the ring-forming, homotrimeric Proliferating Cell Nuclear 
Antigen (PCNA). The PCNA ring encircles DNA, keeps DNA polymerases on the DNA 
and acts as a sliding clamp during DNA replication. PCNA mono-ubiquitination by 
Rad18 at lysine 164 is suggested to trigger TLS bypass (57), although TLS may also 
be activated independently from PCNA ubiquitination (58, 59). Conversely, template 
switching seems to be activated in vitro by SUMOylation or polyubiquitination at lysine 
164 of PCNA (57, 60, 61), however in vivo data for template switching and its biological 
relevance is scarce. So far two modes of action have been postulated for template 
switching: recombination-mediated template switching, in which the replicating strand 
invades the already synthesized sister chromatid and template switching by fork 
reversal (56). Fork reversal occurs upon annealing of the nascent DNA strands and 
reannealing of the parental strands of a replication fork resulting in a four-way “chicken 
foot” structure. Both of these mechanisms are best explained visually and Chang et al. 
have published a clear picture of how this may work (56).  

TLS does not require a sister chromatid and bypasses the damage by replicating the 
damaged nucleotides directly. TLS is comprised of specialized DNA polymerases that, 
as compared with replicative DNA polymerases, have a more relaxed open catalytic 
domain that can more easily encompass damaged nucleotides (62). Moreover, TLS 
polymerases contain no proofreading domains, allowing for the bypass without getting 
stuck on probable mis-incorporations (62). TLS is split into two main families, the Y-
family polymerases (REV1, Eta/η, Iota/ι, Kappa/κ) and the B-family polymerase Polζ 
(63). Generally speaking, a Y-family polymerases performs the initial nucleotide 
insertion opposite the damaged nucleotide and the B-family polymerase extends past 
the damaged nucleotide before replicative polymerases can take over. However, 
studies have shown that TLS is more complex, for instance, Polκ can also perform the 
extension step at certain lesions in vitro (64, 65). Moreover, PrimPol, a member of the 
archaeal eukaryotic primases is important in restarting replication downstream of the 
lesion (66), but also displays polymerase activity and can bypass oxidative and UV 
lesions in human cells (67-69). Lastly, Polymerase Theta, a member of the A-family of 
DNA polymerases, has also been shown to perform TLS in human fibroblasts (70, 71). 

Due to a more relaxed catalytic domain and lack of proofreading, TLS is a relatively 
error-prone process and can sometimes be inefficient, however, this differs per lesion 
and polymerase (72). For instance, the bypass of T-T CPD lesions by Polη is efficient 
and relatively error-free, whereas deficiency for Polη results in error-prone bypass by 
Polκ, Polι or Polζ and increased UV-sensitivity in both mouse embryonic fibroblasts 
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and human cells (19, 73, 74). Conversely, C-C CPD is bypassed in an error-prone 
manner by Polη due to the deamination of cytosine to uracil. Uracil originating from 
cytosine CPD is bypassed “correctly” by Polη and matched with adenine, thus resulting 
in the well-known C>T mutations that are found in UV-induced skin cancers (75). 
Furthermore, in MEF, the strongly helix-distorting 6-4PPs depend on TLS polymerases 
Rev1/Polζ for bypass (76) and not on Polη. Another type of bulky lesions often found 
in human DNA will be those induced by the diet related chemical PhIP. The dG-C8-
PhIP adduct is mostly bypassed by Rev1 in vitro, and the subsequent extension 
reaction is performed by Polκ (64). The bypass by Rev1 is also relatively error-free, as 
Rev1 exclusively incorporates cytosines opposite the damage (77). 

Importantly, the bypass of DNA lesions by TLS results in quenching of DNA damage 
signaling, as the replication fork is no longer stalled and patches of ssDNA are 
converted to dsDNA (78). This prevents replication fork collapse, DSB formation, 
persistent signaling and apoptosis. As such control of TLS is key in the balance 
between mutagenesis and apoptosis; too much error-prone bypass can lead to DNA-
associated diseases such as cancer, but too little leads to excessive apoptosis and 
senescence resulting in rapid aging syndromes and developmental issues as is seen 
in mice with TLS defects (79, 80). 

Control of TLS 
Control of TLS is important to minimize the negative effects of this pathway. TLS is 
controlled on multiple levels: the expression levels of TLS polymerases, post-
translational modifications, recruitment of TLS polymerases to the lesion and 
competition with other DNA polymerases. Expression levels of TLS polymerases 
during different phases of the cell cycle have been measured in mammalian cells and 
no significant differences were found for most TLS pols tested, except for Polη which 
is slightly higher expressed in G2 (81). Also, the overall mutagenicity of TLS opposite 
6-4PP or (+)-trans benzo(a)pyrene diolepoxide N2 guanine (N(2)-BPDE-dG), an 
important food and tobacco smoke adduct, is similar between the different cell cycle 
stages, however there is a cell stage specific mutagenic signature (81). This may 
highlight two different modes of TLS-mediated bypass. When a mildly distorting lesion 
such as a CPD is encountered it may be bypassed directly, also known as “on the fly”, 
without repriming of the replication machinery (Fig.2). In contrast, when a lesion is 
strongly DNA helix distorting, such as a 6-4PP, the replication machinery reprimes 
downstream of the lesion (82) (Fig. 2) leaving a ssDNA gap. At a later stage these 
ssDNA gaps are likely filled in, in a more error-prone fashion, dependent on Polζ and 
Rev1 (76). Moreover, microRNA is shown to regulate TLS activity further by directly 
inhibiting the expression of Rev1 or by regulating the expression of Rad18, thus 
affecting TLS recruitment (83). The activity of TLS polymerases is also regulated by 
post-translational modifications. For instance, using a cell-free model with purified 
human proteins, it was shown that phosphorylation of Polη results in release of 
sequestration by PDIP38 and an increase in its binding strength to PCNA (84). 
Moreover, in yeast, Rev1 is phosphorylated in response to DNA damage and this 



 
Chapter 1 

 
15 

phosphorylation is, at least in a NER-deficient background, required for proficient TLS 
(85, 86). 
 
 

 
 
Figure 2: Modes of action for TLS 
TLS can be performed in two ways: either “on the fly” during replication or post-replicative gap filling. A: 
After a replication block at a DNA lesion (asterisk) an inserter TLS polymerase is recruited (like Polη) to 
replicate the DNA lesion followed by extension by an extender polymerase (for instance Polζ). Lastly, 
replicative polymerases can take over again and proceed replicating the DNA. B: During persistent 
replication blockage the replication machinery can also be reprimed downstream of the lesion to 
continue DNA synthesis. Afterwards post-replicative TLS gap filling takes place dependent on TLS 
polymerases Rev1 and Polζ. 

How polymerases are chosen and compete with each other is still a matter of debate. 
One theory is the model of a “molecular toolbelt” in which PCNA is a kind of 
polymerase hub that binds multiple TLS polymerases directly or via the “molecular 
bridge” Rev1. Most TLS polymerases actually have binding domains specifically for 
PCNA in support of this idea (87). Thus, when PCNA stalls on a lesion, replicative 
polymerases are replaced by TLS polymerases until the bypass is completed before 
switching back. Moreover, Polζ shares the subunits Pol31 and Pol32 with Polδ. 
These subunits are important for PCNA-mediated TLS. Pol32 interacts with PCNA, 
thus it seems likely that Polζ and Polδ compete directly for access to the PCNA 
sliding clamp (88). Mono-ubiquitination of PCNA has been suggested to play a major 
role here, which stimulates the activity of TLS polymerases and allows them to 
outcompete replicative polymerases (87). Yet, studies in mammalian cells have 
shown that PCNA mono-ubiquitination is not always essential for TLS bypass. For 
instance, binding of Polη to PCNA does not require PCNA mono-ubiquitination in 
human cells (58). Moreover, in MEF mutated to prevent PCNA mono-ubiquitination, 
approximately 30% of TLS activity remains (59). This shows that PCNA mono-
ubiquitination is important for regulating TLS, but not essential. 

Mutagenicity of TLS polymerases might also be controlled more directly. Although TLS 
polymerases do not exhibit proofreading activity themselves, they may be assisted by 
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replicative DNA polymerases that can proofread. In yeast it has been shown that Polα 
errors may be corrected by Polδ (89).  

Moreover, simultaneous loss of both proofreading activities of Polδ and Polε resulted 
in mutagenesis higher than the sum of loss of the single proofreading activities, 
suggesting in trans proofreading (90). As such Polδ or Polε may also proofread TLS 
errors to minimize the mutagenicity of lesion bypass. In fact, in human cells it has been 
shown that when Polη creates a mismatch further extension from this mismatched 
terminus becomes much slower allowing for proofreading by Polδ or Polε (91). 
However, further research has to be done to show this for other TLS polymerases, too. 

MMR and the control of replication errors 
The bulk of the DNA is undamaged and is replicated by the replicative polymerases. 
In short Polα creates template primers and the replicative polymerases Polδ/Polε start 
replicating from these primers and do so either in a continuous manner during leading 
strand synthesis (Polε) or discontinuous during lagging strand synthesis (Polδ) (92). 
DNA replication on undamaged templates has a very low error-rate with approximately 
1 error per billion bases (63). This high fidelity can be attributed to three factors: (I) the 
tight catalytic domain steering proper base pairing, (II) the proofreading domain that 
identifies and allows for the removal of mismatches and (III) post-replicative MMR (63). 
The MMR pathway is able to identify and excise misincorporations that slip through 
proofreading thereby increasing the fidelity of DNA replication by a factor between 
hundred to thousand-fold and protecting cells from mutagenesis (63, 93). The MMR 
pathway was first identified in the 1970s in prokaryotes (94, 95) and was soon after 
studied in one of the simpler eukaryotic systems, Saccharomyces cerevisiae, before 
ultimately being translated to humans. A simple description of eukaryotic MMR follows 
four steps: (I) identification of a mismatch by MSH2/MSH6 (MutSα) or MSH2/MSH3 
(MutSβ), (II) nicking of the daughter strand by MLH1/PMS2 (MutLα), (III) removal of 
the misincorporation by exonucleases and (IV) resynthesis of the excised strand and 
ligation (96) (Fig. 3). However, the molecular mechanisms of MMR are complex, 
especially in eukaryotes and the next sections will discuss MMR step-by-step in detail. 

For the recognition step eukaryotes express two heterodimers with slightly overlapping 
functionality, MSH2/MSH6 and MSH2/MSH3, also known as MutSα and MutSβ, 
respectively. MutSα is mainly involved in the recognition of base:base mismatches and 
small insertion deletion (indel) loops (Fig. 2), whereas MutSβ is involved in MMR for 
larger indel loops (97). MutSα can recognize mispairs by slightly bending the DNA 
duplex to monitor its rigidity. In the case of a mismatch, the DNA duplex bends further 
compared to correctly paired DNA, allowing for better interaction with MutSα catalytic 
sites (98). Interestingly, not every mismatch is recognized with similar efficiency. Many 
fundamental studies use the G-T mismatch to investigate which proteins might play a 
role in MMR and with good reason as the G-T mismatch is recognized 8-fold more 
often than, for instance, a C-A mismatch in vitro (99). Moreover, not only mismatches 
on undamaged DNA templates are recognized, but DNA lesions are recognized as 
well. Several studies using human (cancer) cells have shown that MutSα is able to 
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recognize a wide variety of DNA lesions, including O6-methylguanine, the cisplatin 
d(GpG) intrastrand crosslink (100), UV-induced photolesions (101), aminofluorene - 
and acetylaminofluorene adducts (102) and benzo[c]phenanthrene adenine adducts 
(103). The recognition of a misincorporation opposite a DNA lesion is also important in 
suppressing mutagenesis stemming from DNA damaging agents in mammalian cells, 
as loss of MutSα results in DNA damage-induced hypermutagenesis (1, 104, 105). 
Mismatch recognition by MutSα of mismatches opposite damaged nucleotides seems 
to be similar to misincorporations opposite undamaged nucleotides: in the case of a 
O6-methylguanine-thymidine mismatch the structure is remarkably similar to an 
undamaged G-T mismatch (98). However, how MutSα might recognize a 
misincorporation opposite a bulky DNA lesion remains to be determined. After 
successful recognition MutSα exchanges ADP for ATP to trigger a confirmational 
change in MutSα, that allows for the recruitment of proteins involved in the next step: 
the nicking of the newly synthesized daughter strand. 
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Figure 3: Eukaryotic Mismatch Repair on lagging and leading strands 
A: Mismatch repair starts by recognition of a mismatched base (▮) by MSH2/MSH6 which forms a 
sliding clamp. This allows for the activation of multiple MSH2/MSH6 complexes and triggers the 
recruitment of MLH1/PMS2 or EXO1 depending on strand and directionality. B: MLH1/PMS2 also slide 
over the DNA and can be activated by PCNA (not shown) to make multiple incisions. EXO1 degrades 
the daughter strand nucleotide by nucleotide, including the mismatch, which may occur on both strands. 
C. Replicative polymerases can resynthesize the strand thereby either displacing the still present 
daughter strand, including the mismatch, or simple gap filling if there was exonuclease activity. 

 

The recognition of the daughter strand by MMR is a topic that is markedly different 
between eukaryotes and prokaryotes. For instance, during E. Coli MMR the newly 
synthesized daughter strand is recognized by the methylation status of the strand 
(106). In eukaryotes strand discrimination may be directed by how PCNA is loaded at 
nicks by clamp loaders. Its orientation allows for a way to discriminate the template 
strand from the daughter strand (107). As such PCNA is able to steer the 
endonucleolytic heterodimer MLH1/PMS2, also known as MutLα, to the daughter 
strand to create a nick which provides an entrance for the subsequent excision step 
(108). However, nicking may not always be essential due to the presence of nicks due 
to unligated Okazaki fragments in the lagging strand that may also serve as an entry 
for excision (96) (Fig. 3).  

Excision of the daughter strand is often described to be performed by the exonuclease 
EXO1 in eukaryotic MMR. EXO1 acts in 5’-3’ direction and in mismatch repair excises 
a stretch of the newly synthesized strand including the mismatch (Fig. 3) (109). 
Curiously, although EXO1 is important for MMR in vitro, Exo1 deficiency only displays 
a weak mutator phenotype in mice (110), which may hint at other exonucleases that 
play a role in MMR as well. Indeed, some overlap between exonuclease functionality 
has been proposed, as mutant Exo1 MEF upregulate the exonucleases Artemis, 
Mre11 and Fan1, which contributes to restoring MMR activity (111). Interestingly, in 
human cells, FAN1 and MRE11 are able to bind to MLH1 providing additional evidence 
for their role in MMR (112, 113). Studies using mammalian cells have shown that cells 
deficient for both FAN1 and EXO1 have significantly decreased MMR efficiency 
compared to either EXO1 or FAN1 single mutants, indeed suggesting a genetic 
redundancy between the two exonucleases (114). Conversely, FAN1 is also reported 
to frustrate MMR rather than act as a backup for EXO1 by sequestering MLH1 and 
thereby preventing the binding of MLH1 to MutSβ and possibly MutSα (115). Moreover, 
exonuclease-independent pathways exist (Fig. 3) that rely on continued 
endonucleolytic degradation performed by MutLα followed by unwinding by the 
replicative polymerases (116). After excision the ssDNA is coated by RPA for stability 
until the daughter strand is resynthesized and the remaining nicks are ligated (96). 

Apart from the MMR genes described, two MMR homologs may also play a minor role 
during MMR, namely MLH3 and PMS1, which can both bind to MLH1. MLH3 shares 
some sequence homology with PMS2 and contains an endonuclease domain (117). 
MLH3 has a clear role in meiosis, where its endonuclease activity is important for 
cleaving recombination intermediates (118). During MMR in somatic cells, however, 
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MLH3 is suggested to be a very limited backup of PMS2 as demonstrated by both in 
vitro and in vivo experiments with single and double knock-out mice (119, 120). In 
contrast to MLH3, PMS1 does not have an endonuclease domain and the MLH1/PMS1 
complex is considered an accessory factor (121). In yeast, scMLH2 (the ortholog of 
human PMS1) prevents excessive genomic rearrangements during meiotic 
recombination. Moreover, the scMLH1/scMLH2 complex is also recruited to 
mismatches, but its role in MMR remains unclear (122).  

MMR and cancer 
Loss of the MMR pathway results in increased mutagenesis and is therefore 
associated with cancer (123). This can occur either spontaneously during life, resulting 
in MMR-deficient tumors, or by inheritance of the MMR-defects. MMR is mainly 
associated with colorectal cancer (CRC) as most MMR-deficient tumors are found in 
that tissue. In fact, of all CRC, approximately 15% have a defect in MMR (124). 
Moreover, approximately 3% of CRC is caused by a heterozygous defect in one of four 
core genes involved in MMR: MSH2, MSH6, MLH1 and PMS2, known as Lynch 
syndrome (LS) (125).  

LS mainly gives rise to tumors in the colorectum and endometrium and displays a high 
mutational burden, partly caused by microsatellite instability (MSI) (126, 127). DNA 
polymerases often “slip” over these microsatellites (small repeated DNA motifs) 
creating small indel loops that are normally repaired by MMR, preventing mutagenesis 
(128). This high mutation frequency accelerates carcinogenesis with a tumor 
developing from a colonic adenoma in less than 3 years in LS, down from the 6-10 
years seen in sporadic CRC (126). Interestingly, the high mutational burden also 
attracts immune cells and thus the prognosis of a patient with an MMR-deficient tumor 
is distinctly better than the MMR-proficient counterpart (23, 129). LS is also associated 
with a younger age of onset, as the first tumor develops typically in patients younger 
than 50 years old (126), which is significantly earlier than the age of onset of sporadic 
CRC, which is approximately 70 years (23). This younger age of onset may be 
explained by the fact that LS patients, heterozygous for one of the four core MMR 
genes, only need to lose the remaining wild-type MMR allele, whereas a healthy 
individual needs to lose both alleles of a core MMR gene (126). 

The age of onset also depends on which MMR gene is mutated. Patients carrying 
germline mutations in MLH1 and MSH2 show a lower age of onset than carriers with 
mutations in MSH6 or PMS2 (126). This may possibly be explained by the functional 
redundancies in the MMR pathway. As discussed above MSH2/MSH3 and 
MLH1/MLH3 may also contribute to repair of various mismatches and indel loops and 
these heterodimers are still formed in individuals that have lost MSH6 or PMS2 (97, 
119). However, MSH3 or MLH3 are not considered as “LS genes” and are hardly 
associated with increased risk of developing cancer. The type of cancer caused by 
MMR defects partly depends on which MMR gene is mutated. For instance, MSH6+/- 
carriers more often develop endometrial cancer, sometimes without MSI, possibly due 
to the redundancy with MSH2/MSH3. MSH2+/- and MLH1+/- carriers typically develop 
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CRC, but MSH2+/- is also associated with extracolonic tumors. PMS2 mutations are 
also associated with CRC, but sometimes without family history (126). Interestingly, 
deletions in the EPCAM gene may also lead to LS, specifically the development of 
CRC, due to the close proximity of this gene to the MSH2 locus (130). Mutations in 
MSH2 are also most often associated with Muir-Torre, a variant of LS that causes 
cancer predominantly in the sebaceous glands of the skin (131).  

In rare cases it can occur that not one, but two faulty copies of an MMR gene are 
inherited, giving rise to constitutional MMR deficiency (cMMRd) syndrome. These 
individuals develop tumors early in life, often before the age of 10, and they no longer 
predominantly develop CRC, but also tumors in tissues that are associated with rapidly 
dividing cells during early development, like the brain and the hematopoietic system 
(132). This tragic syndrome raises an important question: why is cMMRd associated 
with tumors in all rapidly dividing tissues, but does LS predominantly cause CRC? 
Moreover, why is sporadic loss of MMR often found in the gastro-intestinal (GI) tract? 
The answers to these questions will be addressed in this thesis. 

In conclusion, both misincorporations generated by replicative DNA polymerases on 
undamaged DNA and error-prone TLS at bulky or helix-distorting nucleotide lesions 
contribute to mutagenesis related to cancer formation. Mammalian cells minimize 
mutagenesis (i) by activating post-replicative MMR, which removes misincorporations 
that have escaped the proofreading activity of replicative DNA polymerases, and (ii) by 
activating DNA damage signaling and checkpoint pathways following induction of bulky 
or helix-distorting nucleotide lesions. The latter will result in inhibition of DNA 
replication, induction of cell cycle arrests and activation of DNA repair to remove 
nucleotide lesions prior to DNA replication. If DNA lesions are persistent, they will be 
replicated by TLS, an inherently error-prone process. How error-prone TLS is 
controlled remains to be determined. However, scant experimental evidence indicates 
that some MMR proteins may contribute not only in the activation of DNA damage 
responses, but also in suppressing DNA damage-induced mutagenesis.  
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Aim and outline of the thesis 
 

Aim: 
This thesis aims to investigate the role of core MMR factors Msh6, Mlh1 and Pms2, 
MMR homologs Mlh3 and Pms1, and exonucleases Exo1 and Fan1 in protecting 
mammalian cells from the genotoxic effects of UVC light and the dietary carcinogen 
PhIP, which induce bulky and helix-distorting DNA lesions. This analysis will contribute 
to better comprehend the cellular response to bulky and helix-distorting DNA lesions 
and may help in understanding the cancer tropism found in LS patients who carry a 
heterozygous defect in one of the four core MMR genes.  
 
Outline: 
Chapter 2 of this thesis provides an in-depth overview of the various ways MMR and 
DNA damage intertwines. In this chapter the role of MMR in suppressing mutagenesis 
resulting from the four main types of damage, namely methylating, oxidating, helix-
distorting and interstrand crosslinks, is reviewed. Moreover, the clinical implications of 
MMR loss are discussed, how this affects the use of generic cancer treatments for 
MMR-deficient tumors and what role DNA damage plays in generating a specific 
gastro-intestinal cancer tropism associated with loss of the MMR genes. Chapter 3 
studies in detail how MMR can suppress mutagenesis in mammalian cells following 
exposure to UVC light as a prototypic DNA damaging agent. Using mouse embryonic 
stem cells, multiple MMR and MMR-associated genes are investigated with respect to 
their role in UV-induced damage signaling and control of mutagenesis, including 
analyses of spectra of mutations in Mlh1-deficient and Msh6-deficient cells. Chapter 4 
describes studies on the intertwinement between TLS and MMR by making use of 
MMR and Polη knock-out and double-knockout cells. This study tests the hypothesis 
that MMR proteins suppress mutagenesis by removing TLS errors post-replicatively, a 
pathway dubbed post-TLS repair. Chapter 5 describes a study on the CRC-associated 
tropism of Lynch syndrome, a syndrome characterized by the mono-allelic inheritance 
of a faulty MMR gene. Here, PhIP, a common dietary mutagen and carcinogen relevant 
for the GI tract, is used to investigate (I) whether food-related agents can inactivate 
MMR in a Lynch-like cell-based model, (II) whether MMR deficiency affects DNA 
damage signaling induced by PhIP and (III) whether PhIP-induced mutagenesis is 
further enhanced when MMR is completely lost. Finally, chapter 6 summarizes the 
findings of this thesis, discusses new questions and insights provided by the studies 
presented in this thesis and describes the possibilities for future research. 
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