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ABSTRACT
In cell–matrix adhesions, integrin receptors and associated proteins provide a dynamic coupling of the extracellular matrix (ECM) to the
cytoskeleton. This allows bidirectional transmission of forces between the ECM and the cytoskeleton, which tunes intracellular signaling
cascades that control survival, proliferation, differentiation, and motility. The quantitative relationships between recruitment of distinct
cell–matrix adhesion proteins and local cellular traction forces are not known. Here, we applied quantitative super-resolution microscopy
to cell–matrix adhesions formed on fibronectin-stamped elastomeric pillars and developed an approach to relate the number of talin, vin-
culin, paxillin, and focal adhesion kinase (FAK) molecules to the local cellular traction force. We find that FAK recruitment does not
show an association with traction-force application, whereas a ∼60 pN force increase is associated with the recruitment of one talin, two
vinculin, and two paxillin molecules on a substrate with an effective stiffness of 47 kPa. On a substrate with a fourfold lower effective
stiffness, the stoichiometry of talin:vinculin:paxillin changes to 2:12:6 for the same ∼60 pN traction force. The relative change in force-
related vinculin recruitment indicates a stiffness-dependent switch in vinculin function in cell–matrix adhesions. Our results reveal a
substrate-stiffness-dependent modulation of the relationship between cellular traction-force and the molecular stoichiometry of cell–matrix
adhesions.
Published under an exclusive license by AIP Publishing. https://doi.org/10.1063/5.0077004

INTRODUCTION

Cell–matrix adhesions couple the intracellular cytoskeletal net-
work to the extracellular matrix (ECM) and are key sites for bidi-
rectional mechanotransduction.1 First, they are the sites where cells
apply myosin-driven contractile forces to their environment, for
instance, during cell migration and tissue remodeling.2 Second, they
allow cells to sense and respond to changes in stiffness of their
environment. The latter represents an important mechanical cue
regulating stem cell differentiation, cancer progression, and various
other processes in life and disease.3–5

Cell–matrix adhesions contain integrin transmembrane recep-
tors that bind ECM components with their globular extracellular
head domains. On the cytoplasmic side, integrins connect to a large
complex of associated proteins with their intracellular tail domains.
Integrins and integrin-associated proteins in cell–matrix adhesions
have been demonstrated to change conformation, thereby exposing

new interaction sites when stretched by force.5 Several of the asso-
ciated proteins, including talin and vinculin, connect the integrin
cytoplasmic tails to the F-actin network.6 Others, such as paxillin
and focal adhesion kinase (FAK), are involved in local signaling
platforms that regulate actin cytoskeletal dynamics, for instance,
through Rho GTPases.7 This allows cell–matrix adhesions to adjust
their molecular architecture in response to force, ensuring a balance
between extracellular (ECM) and intracellular forces.

Cell–matrix adhesions are highly dynamic structures.8 Super-
resolution microscopy techniques have been applied to reveal in
detail the 3D multimolecular layered architecture of cell–matrix
adhesions.9,10 It is well known that larger cell–matrix adhesions
support higher forces,11–13 but quantitative relationships between
recruitment of individual cell–matrix adhesion proteins and local
traction-force application have not been reported. Here, we devel-
oped a novel method for the analysis of antibody-mediated direct
stochastic optical reconstruction microscopy (dSTORM)14 images.
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For transformation of dSTORM data into local molecule-counting,
we followed a real space approach making optimal use of the
high positional accuracy characteristic of super-resolution imag-
ing. We achieve this by using only the localization information and
transform the cumulative distribution function of inter-localization
distances (cdf) to absolute molecular numbers. This method has
similarities to the number and brightness analysis known from
correlation imaging,15 mean shift clustering,16 and the Fourier
ring-correlation analysis method17 and was inspired by colocaliza-
tion statistics in single-molecule imaging.18 We applied this novel
method to four distinct cell–matrix adhesion components, such as
talin, vinculin, paxillin, and FAK. The combination of dSTORM
with traction-force microscopy allowed us to unravel quantitative
relationships between their recruitment to cell–matrix adhesions
and local traction forces.

For cells plated on a substrate with an effective Young’s modu-
lus of 47 kPa, we determined that the addition of one talin, vinculin,
and paxillin molecule to a cell–matrix adhesion is accompanied
by an, on average, 66, 30, and 32 pN increase in local traction-
force, respectively. On a 12 kPa substrate, the stoichiometry for
talin:vinculin:paxillin changes from 1:2:2 per ∼60 nN force incre-
ment to ∼2:12:6 for the same amount of traction force. Surprisingly,
FAK recruitment did not significantly correlate with local trac-
tion force increase, irrespective of substrate rigidity. These findings
provide a first quantitative relationship between recruitment of

distinct cell–matrix adhesion proteins and local traction forces and
reveal a remarkable regulation of the stoichiometry by substrate
stiffness.

RESULTS
dSTORM on cell–matrix adhesion proteins

We analyzed the organization of vinculin in cell–matrix adhe-
sions of vinculin knockout mouse embryonic fibroblasts transiently
expressing green-fluorescent protein-tagged (GFP)-vinculin by con-
focal and super-resolution optical microscopy. Comparing signals
derived from an Alexa-532-conjugated GFP nanobody to those
from an Alexa-647-conjugated secondary antibody targeting a mon-
oclonal vinculin antibody with confocal microscopy showed that
these signals co-localized only in GFP positive cell–matrix adhe-
sions as expected [Fig. 1(a), top, red arrows; i and ii]. As a control,
cell–matrix adhesions in vinculin null MEFs lacking GFP-vinculin
were readily identified using a paxillin antibody [Fig. 1(a), bottom,
green arrows; (iii)] while such adhesions did not stain when the
vinculin antibody was used Fig. 1(a), top].

Subsequently, we performed dSTORM and analyzed the over-
lap between fluorophore localizations for Alexa-532-conjugated
GFP nanobody signals with vinculin monoclonal antibody followed
by Alexa-647-conjugated secondary antibody signals in vinculin

FIG. 1. dSTORM on cell–matrix adhe-
sions. (a) Confocal images of vinculin
−/− MEFs transiently expressing GFP
vinculin, immunostained with the indi-
cated antibodies. Red arrows indicate
cells that are GFP (and vinculin) positive;
green arrows indicate cells that are GFP
(and vinculin) negative. In i, ii, and iii,
merged images for the zoomed-in views
of the indicated adhesions are shown.
(b) Representative dSTORM images of
cells immunostained with GFP nanobody
conjugated with Alexa532 obtained with
532 nm laser (left) and (vinculin antibody
plus secondary antibody conjugated with
Alexa647) obtained with 647 nm laser
(right). (c) Comparison of the number
of localizations obtained from individual
adhesions by applying dSTORM to first
Alexa647 and then to Alexa532. The red
line indicates the linear fit (R2 = 0.47).
Scale bars are 20 μm (a, left panels),
3 μm (a, right panels i–iii), 100 nm [(a),
top], and 50 nm [(b), bottom].
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null/GFP-vinculin cells. Samples were immersed in a switching-
buffer, which leads to the quenching of the fluorescence with brief,
infrequent de-quenching events resulting in images of sparse sig-
nal density <0.1 μm−2. This permitted detection of signals from
individual fluorophores on a sensitive camera (for details, see the
section titled Materials and Methods). After localization of all flu-
orophores in each frame, the image of the cell–matrix adhesion
structure was reconstructed from an image stack of 2 × 104 frames.
dSTORM images, similar to confocal images, showed the predicted
overlap between Alexa-532 and Alexa-647 localizations [Fig. 1(b)].
The number of localizations obtained from the two different fluo-
rophores across 105 adhesions in 11 different cells as determined by
dSTORM followed a linear dependence [Fig. 1(c)].

Combination of dSTORM and cellular traction force
measurements

In order to combine force measurements and super-resolution
microscopy, we seeded NIH3T3 fibroblasts on fibronectin stamped
elastomeric micropillars. On these substrates, talin staining followed
by confocal imaging identified cell–matrix adhesions coupled to
fibronectin-stamped μ-pillars. The average background deflection,
corresponding to the displacement resolution, was 50 ± 20 nm
as determined by epi-fluorescence imaging in a cell-free region in
the field of view of dSTORM imaging. For μ-pillar arrays with an
effective Young’s modulus of 12 or 47 kPa (spring constants per
pillar of 16 or 66 nN/μm, respectively), the displacement resolu-
tion of 50 nm corresponded to a force precision of 0.8 and 3 nN,
respectively. Combining epi-fluorescence pillar displacements and
dSTORM provided simultaneous visualization of traction force and
localizations in cell–matrix adhesions [Fig 2(a)]. The significant
increase in spatial resolution between the dSTORM image and a
wide-field image for a talin staining is apparent from Fig. 2(a). The
resolution in the dSTORM image was largely determined by the
positional accuracy by which each of the molecule was localized.
We set the imaging conditions such that on average a signal of 520
photons per localization was detected [Figs. 2(a) and 2(c)]. At such
a count rate, the localization precision was 14 ± 5 nm [Figs. 2(b)
and 2(c)].

To reduce the cytoplasmic signal, we optimized a previ-
ously established permeabilization-during-fixation technique with
the cytoskeleton buffer.19 In order to confirm the force measure-
ments in combination with dSTORM, we compared the measured
forces to those obtained from live-cell experiments. We established
that forces measured in samples fixed for dSTORM application
were slightly lower than forces measured by live confocal imag-
ing of pillar deflections in mCherry-LifeACT-labeled NIH3T3 cells
[Figs. 2(d) and 2(e)]. The increase in force induced by seeding cells
on a substrate with a higher effective Young’s modulus as mea-
sured post-fixation recapitulated the increase measured in live cells,
as established previously for fixation for standard immunofluores-
cence.20 In accordance with the results obtained by confocal imag-
ing, forces determined by epi-fluorescence microscopy in the field
of view of dSTORM imaging of NIH3T3 cells that were immunos-
tained for talin showed approximately threefold increase for cells
seeded on 47 kPa as compared to forces applied by cells seeded on
12 kPa [Figs. 2(d)–2(f)].

From dSTORM localizations to molecule counts

We next investigated methods for obtaining molecule counts
from dSTORM images. For photoactivation localization microscopy
(PALM) where each protein of interest is fused to one fluores-
cent protein that bleaches fast and has very short dark times,21 a
cleaning algorithm can be used. This removes additional detections
from the same fluorophore within the positional accuracy for single-
molecule detection for a given time interval that safely exceeds the
photobleaching time of the fluorophores. This method is suscep-
tible to errors if the density of molecules exceeds the positional
accuracy as may occur within cell–matrix adhesions and when mul-
tiple fluorophores per protein of interest are present as applies to
dSTORM methods. Instead, for quantitative analysis of dSTORM
data, density-based clustering algorithms are typically used where
detections are categorized based on their local density as members
of clusters.22 Yet, also those methodologies are susceptible to errors
due to local clustering of the proteins.

Here, we performed dSTORM mediated by two-step antibody
staining with Alexa647 fluorophores on the secondary antibody that
undergoes stochastic blinking.14,23,24 In this design, signal ampli-
fication, as of binding of multiple secondary antibodies that all
contain multiple fluorophores, will have to be accounted for in
order to accurately estimate the true local stoichiometry. There-
fore, we developed a method that makes use of the inherent high
localization precision and signal amplification present in our setup.
We based our methodology on analysis of the inter-localization
distance distribution in the images, which, in turn, was used to dis-
tinguish between spatially correlated and uncorrelated localizations.
Our novel method makes use of the fact that the statistics associ-
ated with fluorescence labeling and photophysics, although partly
unknown, are equivalent for all spatially correlated and spatially
uncorrelated localizations. Therefore, our method neither relies on
the number of fluorophores per protein of interest, given there is
enough signal amplification, nor does it depend on the photophysics
of the fluorophores, as long as it remains constant during signal
acquisition for one dSTORM image. Instead, our methodology uses
solely the localization data. The methodology is able to quantify the
number of molecules of any configuration as long as the molecu-
lar interspacing is larger than the positional accuracy, in the current
case 14 ± 5 nm.

In order to estimate the number of talin molecules in an
adhesion coupled to one pillar [Fig. 2(d), red box; Fig. 3(a)], we
first manually selected the region associated with the adhesion(s)
relating to one pillar. This selection was performed on the epi-
fluorescence image by drawing a mask containing the cell–matrix
adhesion extending from the pillar of interest in the direction of the
deflection. This enabled the assessment of the molecular composi-
tion of the whole adhesion coupling a pillar to the actin cytoskeleton
as it is known that these structures can “hang” from pillars.13,25

We then determined the statistics for the cumulative distribution
function of inter-localization distances (cdf) within the adhesion
as shown in Fig. 3(b). For each distance, r, between two local-
izations, the number of distances smaller than r was determined
as a function of the squared distance, r2. For a spatially random
distribution where the distances are uncorrelated, the distribution
function increases linearly with r2. In our data, the relationship
between the cdf of inter-localization distances and r2 displayed
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FIG. 2. Combination of dSTORM with micropillars. (a) NIH3T3 cell imaged with the dSTORM setup using epi-fluorescence with 647 (left) and 405 (middle) or dSTORM
with 647 channel (right) together with accompanying force measurements (arrows in the middle and right images). (b) Example image frame from dSTORM acquisition with
several Alexa647 molecules fluorescing. (c) Zoomed-in view of the red square in B (left) and histograms showing the positional accuracy of localizations from this dSTORM
acquisition (left) and the intensity of localizations (right). (d) Images of live (left) and fixed (middle and right) NIH3T3 cells on pillars of an effective Young’s modulus of 12 kPa
(top) or 47 kPa (bottom) stamped with fibronectin conjugated to Alexa647 (left and middle) or Alexa405 (right). mCherry-LifeACT (left and middle) or talin immunostaining
(right; secondary antibody conjugated with Alexa647) was imaged using confocal imaging (left and middle) or dSTORM setup (right) with calculated forces (arrows). (e) and
(f) Bar graphs showing mean ± standard deviation of cellular forces applied per pillar calculated from confocal images (e) or images obtained with dSTORM setup (f) for cells
on pillars with indicated stiffnesses. Scale bars are 3 μm [(a) and (d), right], 2 μm (b), and 10 μm [(d), left and middle]; deflection arrow scales are 20 nN [(a) and (d), top-right
and bottom] and 30 nN [(d), top-left and top-middle].

two regimes. A linear regime was observed for large r2, reflect-
ing localizations belonging to uncorrelated, hence different talin
molecules [Fig. 3(c)]. Subtracting this linear relationship from the
data, the non-linear regime remained for small r2 [Fig. 3(d)].

The non-linear initial increase reflects correlated detections, hence
belonging to a single talin molecule or to a cluster of talin
molecules. The non-linear regime was subsequently fit to a double
exponential,
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FIG. 3. Distribution analysis of talin
dSTORM localizations in a single adhe-
sion. (a) Zoomed-in view of the red
square from Fig. 2(d). (b) Image derived
from (a), showing 6700 localizations
of Alexa647 targeted to talin associ-
ated with one pillar (dashed circle). (c)
Cumulative distribution function of inter-
localization distances (cdf) in B with a
linear line fit (red dashed line) from
0.16 to 0.25 μm2. (d) cdf from (c),
with linear fit subtracted and accom-
panying double exponential fit cd f(r)
= Nc(1 − e−

r2

4σ2 ) + NL(1 − e−
r2

L2 ) with

σ = 18 nm, L = 200 nm, Nc = 1.10
× 106, and NL = 2.9 × 106. Histograms
of fit parameters σ (right-top) and L
(right-bottom) obtained across all experi-
ments are shown. Scale bars are 250 nm
(a) and (b).

cd f (r) = Nc(1 − e−
r2

4σ2 ) +NL(1 − e−
r2

L2 ), (1)

where r denotes the distance between fluorophores, σ is the posi-
tional accuracy of position detections coupled to a single talin
molecule, and Nc is the corresponding number of correlated dis-
tances. Furthermore, we added a second exponential that contains
the information of the typical size of the focal adhesion, charac-
terized by a typical length-scale L, and the number of localizations
within this domain NL, which is proportional to the number of talin
molecules in close proximity. The structural length scale, L = (120
± 40) nm, typical for adhesions, was considerably larger than the
positional accuracy of talin localizations in dSTORM, σ = (18 ± 4)
nm, indicating that the two components of the exponential were
well separable. From the fit, the number of talin molecules Nm in
the adhesion [Fig. 3(d)] was determined by (see the section titled
Materials and Methods)

Nm =
N2

(N +Nc)
, (2)

where N is the total number of detections in the image. We validated
the experimental strategy by simulations. We found an excellent
agreement between the estimated number of molecules and our
analysis: the accuracy was >90% even in conditions of high spatial
overlap between individual signals [see Figs. 1(d)–1(f) of the
supplementary material]. Using our methodology, 40 talin
molecules were identified for the adhesion shown in Figs. 3(a) and
3(b). Since we calibrated our system and used fresh solutions for
each experiment, we assume that fluorophore switching dynamics
stay constant between different conditions. With sufficient signal
amplification (>2000 localizations for 40 calculated molecules) and
a much larger separation between the molecules compared to the
localization precision (as calculated from the structural spacing
length scale of 120 ± 40 nm in the talin experiments, being much

larger than the localization scale of 18 ± 4 nm), the methodology
renders reliable within our experimental setup. The sufficient signal
amplification criterion was not met with the nanobody staining, and
the quantification of the number of molecules was thus not carried
out for the nanobody stainings in Fig. 1.

Relating the stoichiometry of cell–matrix adhesion
proteins to traction forces

Having established a methodology to quantify the number of
molecules in an adhesion, we studied the stoichiometry of four dif-
ferent cell–matrix adhesion proteins in cells seeded on pillar arrays
of two different effective Young’s moduli. In the analysis, cell–matrix
adhesion areas were selected, and subsequently, the corresponding
number of talin, vinculin, paxillin, and FAK molecules were cal-
culated (see Fig. 2 of the supplementary material for histograms
for all measurements and calculations). In order to relate the cell’s
force application to the number of adhesion molecules, we plot-
ted the local traction force in relation to the number of detected
molecules in an adhesion. In total, >100 cell–matrix adhesions from
30 NIH3T3 cells were analyzed in three independent experiments on
μ-pillar arrays of an effective Young’s modulus of 47 kPa. The data
showed that the cellular force was highly correlated with the num-
ber of talin molecules in the respective adhesion [see Fig. 4(a) and
the supplementary material (Fig. 3)]. Furthermore, the number of
molecules and the force both increased with cell–matrix adhesion
area (Fig. 3 of the supplementary material). Likewise, experiments
performed on μ-pillar arrays of a lower effective Young’s modu-
lus (12 kPa) showed correlated talin–force relationships, yet forces
applied by the adhesion per talin molecule were generally lower [see
Fig. 4(b) and the supplementary material (Fig. 3)].

Similar to talin, the number of vinculin and paxillin molecules
in a cell–matrix adhesion correlated with the cellular force appli-
cation on both 47 and 12 kPa substrates (see Fig. 3 of the
supplementary material). By contrast and to a surprise, the number
of FAK molecules in an adhesion was not correlated with the
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FIG. 4. Recruitment of talin, vinculin, and
paxillin to cell–matrix adhesions is asso-
ciated with distinct increments in forces
that depend on substrate stiffness. (a)
and (b) Measured force per cell–matrix
adhesion plotted against the calculated
number of talin molecules per adhe-
sion for cells seeded on substrates with
effective Young’s moduli of 47 kPa (a)
and 12 kPa (b). Dots indicate individual
adhesions; lines indicate linear fits. Red,
green, and blue colors represent data
from three independent experiments. A
solid black line represents linear fit for
all data points from all three experi-
ments. The dashed horizontal black line
denotes the background forces mea-
sured. (c) Bar graphs showing linear fit
slope values for the relationship between
local traction force and the number of
talin, paxillin, and vinculin molecules for
cells seeded on substrates with effective
Young’s moduli of 47 and 12 kPa.

force application on neither of the substrates (see Fig. 3 of the
supplementary material). For FAK, the number of molecules per
area was uncorrelated to the traction force, indicating that the
increased adhesion size rather than an increase in protein density
was responsible for the increase in talin, vinculin, and paxillin
molecules with increased force. For instance, irrespective of the
amount of traction force measured, the numbers of talin molecules
per square micrometer on 47 and 12 kPa pillars were 52 ± 3 and
54 ± 3, respectively.

Next, we quantified the correlations as a linear relationship
between the abundance of talin, vinculin, and paxillin molecules in
a cell–matrix adhesion to the local force application. We observed
that both on the soft and stiff pillars, when the molecular abundance
relationship is linearly approximated, this resulted in a non-zero
force very close to our measured background forces [see Figs. 4(a)
and 4(b) and the supplementary material (Fig. 3)]. It should be
noted that here the background forces were quantified per image
from the undeflected pillars, i.e., pillars outside of the cell, and
the dotted line is the average background across all images. On a

substrate with an effective Young’s modulus of 47 kPa, for each
additional talin molecule, an increase in the traction force by 66 pN
was determined [Fig. 4(c)]. Vinculin and paxillin molecules were
associated with about half of this force: for each additional vinculin
and paxillin molecule, an increase in force by 30 pN and 32 pN
was determined, respectively [Fig 4(c)]. On a substrate with an
effective Young’s modulus of 12 kPa, the force increments were
less steep, with a stronger decrease in force association with vin-
culin was observed: 27 pN/talin, 4.9 pN/vinculin, and 10 pN/paxillin
[Fig. 4(c)].

Together our findings indicate the following: (i) Talin, vinculin,
and paxillin recruitment to cell–matrix adhesions is associated with
distinct force increments. (ii) On a substrate of 47 kPa, an increase
in local traction force of ∼60 pN is accompanied by the recruitment
of 1:2:2 talin:vinculin:paxillin molecules. (iii) On a four-times softer
substrate, the force increments per molecule are less pronounced
and vinculin-related force decreases dramatically. (iv) FAK recruit-
ment is not significantly associated with the amount of local traction
force.
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DISCUSSION

Cell–matrix adhesions are highly dynamic multiprotein com-
plexes that allow cells to sense and respond to physical cues from
their surrounding ECM. We combined micropillar based traction
force microscopy with super-resolution microscopy to obtain quan-
titative relationships between cell–matrix adhesion composition and
local traction force. In order to address the number of molecules,
we used the distribution of inter-localization distances in dSTORM
images. Our methodology is independent of the fluorophore’s pho-
tophysics that is at the core of intensity-based stoichiometry26 but
instead makes use of the high localization precision and signal
amplification inherent to dSTORM imaging to quantify the number
of molecules.

Previously, a probability density function calculated using
Fourier space has been used to correct for multiple detections in
PALM (PC-PALM).27 Another method made use of Fourier ring
correlation to relate the photophysics of detections outside of the
structure of interest with the number of molecules inside this struc-
ture.17 For either of these techniques to work, the labeling of a pro-
tein of interest with a single fluorophore is essential. This requires
either precise genome editing or very accurate nanobody labeling.
Both of these methods suffer from information loss due to discretiza-
tion in Fourier space. By contrast, the method we developed here
is real space based, taking full advantage of high localization preci-
sion. A very different approach was taken where photon arrival times
were determined, and anti-bunching was analyzed to estimate the

number of fluorophores present in a focal volume.28,29 However, in
contrast to our method, those approaches rely heavily on the detailed
knowledge of the photophysics and, so far, less been used to count
molecules.

Instead of trying to reach one fluorophore-per-molecule label-
ing, our methodology actually makes use of the high abundance of
fluorophores per protein of interest and combines it with the high
localization precision inherent to super-resolution methods. Our
approach can be readily applied to commercially available antibodies
in combination with labeled secondary antibodies used for standard
immunostaining. A similar approach to ours was obtained through
mean-shift clustering in real space to relate the number of local-
izations to the number of E-cadherin molecules.16 The mean-shift
clustering approach is computationally much more demanding and
is more prone to potential artifacts caused by small deviations of the
local stoichiometry. Making use of the cumulative distribution func-
tion of inter-localization distances we present here provides similar
clustering information. Given our methodology relies on image cor-
relation, all clusters associated with a complex are quantified as one
entity, and it achieves a higher statistical significance and, thus, is less
prone to error. Using this method, we reported here distinct force
relationships for the cell–matrix adhesion proteins talin, vinculin,
and paxillin that are modulated by environmental stiffness, whereas
the recruitment of downstream FAK molecules was not related to
the amount of local traction force (Fig. 5).

Similar to previous findings, we observed that larger
cell–matrix adhesions support higher traction forces and that

FIG. 5. Molecular composition of force
responsive cell–matrix adhesions. Car-
toon depicting recruitment of talin, pax-
illin, and vinculin molecules associated
with a ∼60 pN increase in force on stiff
and soft substrates with the indicated
effective Young’s moduli.
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adhesions with comparable areas can relate to a wide range of
forces.11–13 We additionally observed that adhesions with the
same number of molecules can support a varying range of forces.
Furthermore, we observed a non-zero y-intercept, suggesting a finite
force in the absence of adhesion molecules, similar to the non-zero
force reported at zero adhesion area.11 However, this non-zero
force is very close to the measured background forces. It should
also be noted that, even though we do approximate the number
of molecules–force relationship linearly, it is highly likely that the
relationship is not linear. Indeed, nascent adhesions can exert a
significant amount of forces with a non-linear intensity–traction
relationship,30 suggesting that the amount of force increase per
molecule is much higher than our linear approximation estimates at
nascent adhesions with low number of molecules.

Additionally, we found that the recruitment of talin, vinculin,
or paxillin to the adhesion with increasing traction force was not
accompanied by a significant change in molecule density. Rather,
the increase in traction force was supported by the recruitment
of cell–matrix adhesion proteins causing the adhesion to spatially
expand. It has been reported that tension across individual talin
molecules is largely constant over a wide range of substrate rigidi-
ties that trigger a range of cellular traction forces.31 Together,
these findings indicate that an increase in cellular traction force
involves expansion of the adhesion through recruitment of new talin
molecules without increasing the concentration of talin molecules or
the force mediated by individual talin molecules.

Important to note that the increase in force associated with an
additional talin, vinculin, or paxillin molecule that we report here
does not represent the actual force exerted on these molecules but
solely represents the overall force on the adhesion. Several addi-
tional cell–matrix adhesion proteins, which are not analyzed in our
current study, are likely to be recruited to the growing adhesion
as it applies more traction force. These include proteins that cou-
ple integrins to the cytoskeleton, such as α-actinin and filamin.32

Their contribution has not been addressed here. As a single talin
molecule interacts with a single integrin molecule, our finding that
one additional talin molecule is associated with an additional 60
pN traction force on a 47 kPa substrate may point to an additional
integrin being recruited to the adhesion with an increase in force.
Alternatively, one pre-existing integrin may switch from interaction
with filamin or α-actinin to interaction with the newly recruited talin
molecule, as an additional 60 pN traction force is applied by the
adhesion.

It has been reported that FAK is necessary for cellular trac-
tion force generation33 and blocking myosin II activity impairs FAK
recruitment to cell–matrix adhesions.34 In that latter study, myosin
activity was blocked with blebbistatin (20 μM), resulting in very
small adhesions (0.17 μm2). Here, we showed that FAK recruitment
to cell–matrix adhesions does not correlate with increased traction
forces on short or long pillars. This does not imply that FAK is not
implicated in force generation. It has been shown that FAK acti-
vation through phosphorylation is force dependent35 and, in turn,
influences force-dependent phosphorylation of paxillin and recruit-
ment of vinculin.34 It should be noted the number of molecules
we observed for FAK was the lowest among all proteins quanti-
fied. Since for FAK quantification, we obtained the necessary signal
amplification (1050 ± 1300 localizations for 34 ± 31 molecules on
stiff and 880 ± 760 localizations for 38 ± 34 molecules on soft pillars;

see Fig. 2 of the supplementary material) and a much larger sepa-
ration between molecules than our localization precision (100 ± 34
≫ 17 ± 3 nm for stiff pillars and 92 ± 33≫ 16 ± 4 nm for soft pil-
lars, data not shown), and we do not expect this to be an artifact of
our methodology. However, while our method relies on the antibod-
ies used, and subsequently all molecular quantifications, including
FAK, do depend on the efficiency of the staining, this is constant
across our experiments. Therefore, the force/molecule relationship,
especially the lack thereof we observe for FAK, should be truthful.

A recent publication has shed some light on the relation of
FAK abundance and activity to force application.36 It was demon-
strated that the integrated fluorescence signal for both total FAK
and phosphorylated FAK scaled linearly with the applied force for
micropillars of 14 kPa stiffness. No correlation was found for pillars
of 5 kPa stiffness. While we do see larger areas for higher forces on
both of our tested stiffnesses, also in the total FAK stainings (data
not shown), this is not accompanied by a higher number of FAK
molecules. Together, both findings indicate that the FAK density
decreases with increasing force. This is also evident from the fact
that the range of the integrated signal strength reported by Zhou
et al. did not change between 5 and 14 kPa substrates, while the
forces measured more than doubled.36 Our findings, together with
studies showing that FAK residence times are low and increase with
increasing cell–matrix adhesion size,34,37 suggest that changes in
FAK activity rather than its recruitment are coupled to force. The
relationship between relative phosphorylation of FAK (phosphory-
lated FAK:total FAK ratio) and force might be able to clearly answer
if FAK activity is force-dependent.

We find that the stoichiometry of talin molecules in cell–matrix
adhesions is associated with the highest traction forces on stiff
as well as softer substrates as compared to vinculin and paxillin.
On a stiff substrate, an increase in traction force of ∼60 pN is
associated with one additional talin molecule, whereas two addi-
tional vinculin and paxillin molecules are associated with the same
force increase (Fig. 5). Talin connects the integrin to actin and
acts as a scaffold for vinculin binding.31,38 The binding of talin to
the integrin cytoplasmic tail activates the integrin and enhances
ECM binding, and the interaction of talin with integrin αvβ3 is
important for adhesion strengthening.39 Forces on talin molecules
open cryptic binding sites for vinculin.40 It has been shown that
induction of myosin contractility triggers this unfolding, which is
also correlated with more actin proximal localization of vinculin
and adhesion maturation.10 Furthermore, vinculin binds to talin in
live cells in a force-dependent manner41 and forces transduced by
individual talin molecules are reduced in the absence of vinculin
but not entirely lost.31 This is possibly due to force-induced sta-
bilization of vinculin in adhesions42 and force stabilization within
adhesions,43 which both depend on the interaction of vinculin with
actin and talin. These findings indicate that the recruitment of talin
and vinculin, as well as their interaction, is important for force-
related adhesion maturation. As described above, vinculin can also
be recruited to cell–matrix adhesions through FAK-mediated phos-
phorylation of paxillin, a process that depends on myosin-mediated
contractility.10,34

Experiments on isolated talin molecules have shown that cryp-
tic vinculin binding sites become available when talin is under 5–25
pN tension.44 The 66 or 27 pN increase in traction force we measure
for a cell–matrix adhesion on a stiff or soft substrate, respectively,
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per additional talin molecule is beyond the reported threshold for
opening vinculin binding sites and below the 100 pN forces that can
be supported by single actin molecules.45 Additionally, it has been
demonstrated that adhesions containing paxillin and vinculin can
form without talin, but these adhesions demonstrate hindered force
application.46 Notably, vinculin molecules that are recruited to the
adhesion via talin, phospho-paxillin, or other interactions, such as
force-dependent p130Cas-vinculin binding,47 may partially remain
in an inactive conformation, especially on a soft substrate, which
may explain the lower force induction measured for each recruited
vinculin molecule as compared to talin. Indeed, simulations have
shown that vinculin can be in two different configurations depend-
ing on the amount of force across the molecule, both of which can
interact with talin, and the switching happens at about 30 pN,48

which is the recruitment force we measure on 47 kPa substrates.
Interestingly, it has been reported that as adhesions enlarge,

forces on individual vinculin molecules decrease.49 In addition, a
switch behavior has been demonstrated for vinculin: for very small
and very large adhesions, tension on vinculin adhesion growth is
slowed, while for adhesions of intermediate size, a positive corre-
lation of vinculin tension with adhesion growth was found.50 The
fact that vinculin exhibits a slow turnover in cell–matrix adhe-
sions on glass and that inhibition of myosin contractility raises its
turnover to that observed for other cell–matrix adhesion proteins
further suggests that vinculin changes its function with force.34,51

Our findings extend these observations, showing that a decrease in
substrate rigidity leads to a major decrease in vinculin-associated
force, i.e., for the same amount of force increase, the number of
recruited vinculin molecules is six times higher on a soft vs a
stiff substrate (Fig. 5). This suggests that the activation of vinculin
molecules is less efficient on a low rigidity substrate, rendering a
pool of vinculin molecules in an inactive state. Vinculin activation
is proposed to occur through its interaction with talin.10 Larger
forces applied on stiff substrates in our experiments may enhance
the talin–vinculin interaction, thereby more effectively supporting
vinculin activation and subsequent coupling of vinculin to the actin
cytoskeleton.

Taken together, we have combined dSTORM and traction-
force microscopy to obtain quantitative information on the rela-
tionship between the molecular composition of cell–matrix adhe-
sions and their force application. We report that an increase in
the force of ∼60 pN is accompanied by the recruitment of 1:2:2
talin:vinculin:paxillin proteins on a substrate with an effective stiff-
ness of 47 kPa (Fig. 5). The stoichiometry changes on softer sub-
strates, in particular, due to a strong reduction of vinculin-associated
force. The methodology we introduced here for extraction of quanti-
tative molecular information from super-resolution images is readily
applicable to other cellular structures given that there is enough
signal amplification, i.e., multiple fluorophores associated with the
protein of interest and/or multiple blinking events are observed per
fluorophore.

MATERIALS AND METHODS
Cell culture and transduction

Vinculin KO MEFs (kindly provided by Dr. Johan de Rooij,
Utrecht University, NL) and NIH-3T3 fibroblasts were cultured in

medium (DMEM; Dulbecco’s modified Eagle’s Medium, Invitro-
gen/Fisher Scientific) supplemented with 10% newborn calf serum,
25 U/ml penicillin, and 25 μg/ml streptomycin (Invitrogen/Fisher
Scientific Cat. No. 15070-063). Vinculin KO MEFs were transduced
with a GFP-vinculin retroviral construct as previously described.52

Micropillar preparation and cell seeding

Micropillar arrays were used for cellular traction force mea-
surements according to the methodology described previously.13 A
negative silicon master was made with 10 × 10 mm arrays of circular
holes of 4.1 or 6.9 μm depth, 2 μm diameter, and 4 μm center-to-
center distance in a hexagonal grid with two rectangular spacers of
10 × 2 mm2 wide and 50 μm high aligned on the sides of the arrays
using a two-step Deep Reactive Ion Etching (DRIE) process. The
negative silicon master was passivated with trichlorosilane (Sigma-
Aldrich) and well-mixed polydimethylsiloxane (PDMS) at 1:10 ratio
(crosslinker:prepolymer) was poured over the wafer and cured for 20
h at 110 ○C. Pillar arrays of 4.1 and 6.9 μm height had a bending stiff-
ness of 66 and 16 nN/μm, respectively, corresponding to an effective
Young’s modulus, Eeff, of 47.2 and 11.6 kPa, respectively20 Stamping
of fibronectin was performed using a flat piece of PDMS (1:30 ratio,
cured 16 hours at 65 ○C) that had been incubated with a mix of 50
μg/ml unlabeled fibronectin (Sigma-Aldrich) and 10 μg/ml Alexa405
or Alexa647 (both from Invitrogen)-conjugated fibronectin. Subse-
quently, the stamped micropillars were blocked with 0.2% Pluronic
(F-127, Sigma-Aldrich), and cells were seeded at single-cell density
in complete medium and incubated for 5 hours at 37 ○C and 5%
CO2.

Fixation and immunostaining

Samples were washed once with cytoskeleton buffer (CB) (10
mM MES, 150 mM NaCl, 5 mM EGTA, 5 mM MgCl2, and 5
mM glucose),19 fixed and permeabilized for 10 s with 0.1%–0.25%
Triton-X, 0.4% paraformaldehyde, and 1 μg/ml phalloidin in CB,
fixed for 10 min with 4% formaldehyde in CB, permeabilized for
10 min with 0.5% Triton-X, and blocked for 30 min with 0.5% BSA.
Immunostaining was performed with an Alexa-532-conjugated GFP
nanobody (Chromotek, Germany) or with a primary mouse mon-
oclonal antibody against talin (Sigma, T-3287), FAK (BD Trans-
duction, 610087), paxillin (BD Transduction, 610052), or vinculin
(Sigma, V-9131), followed by an Alexa647-conjugated secondary
antibody against mouse IgG (Jackson, 115-605-006) following the
protocol suggested by van de Linde et al.14

Imaging and analysis
dSTORM imaging

Super-resolution imaging was performed on a home-built
wide-field single-molecule setup, based on an Axiovert S100 (Zeiss)
inverted microscope equipped with a 100×1.4NA oil-immersion
objective (Zeiss, Germany). Micropillar arrays were inverted onto #0
thickness, 25 mm diameter, and round coverslips (Menzel Glaser).
Imaging was performed in 100 mM mercaptoethylamine (MEA,
Sigma-Aldrich) in PBS. A 405 nm laser (CrystaLaser, USA) was used
for imaging the pillars and photoswitching of the Alexa647 dye to
adjust the density of visible fluorophores. The light was reflected
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into the objective by a dichroic mirror (ZT405/532/635rpc, Chroma,
USA). The fluorescence light in the detection path was filtered
using the emission filter ZET532/633m (Chroma, USA). Conversion
intensities were set between 0 and 250 W/cm2 at 405 nm, and the
excitation intensity was set to 5 kW/cm2 at 647 nm. For each sam-
ple, we acquired 20 000 images with an acquisition time of 10 ms per
frame at a frame rate of 69 Hz. The signal of individual dye molecules
was captured on a sCMOS Orca Flash 4.0V2 camera (Hamamatsu,
Japan). The average integrated signal of a single fluorophore was 520
detected photons, spatially distributed by the point-spread function
of the microscope of 440 nm FWHM, resulting in a sigma of 187 nm
in a Gaussian approximation.

The signal from individual fluorophores was fitted with a 2-
dimensional Gaussian using a custom least-squares algorithm in
Matlab.53 From the fit, we determined the location of each fluo-
rophore to an accuracy of 14 ± 5 nm [Fig. 3(b)]. This localization
accuracy is slightly higher than its theoretical minimum predicted
from the width of the point-spread function and the detected signal,
187 nm/

√
[520] = 8.2 nm.

Obtaining and fitting the cumulative distribution
function of inter-localization distances (cdf)

The area of interest from the epi-fluorescence image was
obtained by manually drawing a mask containing the cell–matrix
adhesion extending from the pillar of interest in the direction of
the deflection. Localizations corresponding to blinking events in this
area were analyzed [Figs. 3(a) and 3(b)]. From the position data,
the two-point spatial correlation function g(r) and subsequently the
cumulative distribution function of inter-localization distances (cdf)
were calculated,

cd f (r) = ∫
r

0
g(r′)dr′. (3)

For discrete 2D position data ri = {xi,yi}, as obtained from the fits,
the cdf was constructed as

cd f (r) = 2∑N
i=1∑

N
j=i+1(xi − xj)2 + (yi − yj)2 < r2. (4)

The cdf describes the number of distances that are smaller than r, in
a sample of N localizations.

The positional accuracy leads to an apparent Gaussian spread
in the localization of an individual molecule characterized by a cdf,

cd f (r) = Nc(1 − e−
r2

4σ2 ), (5)

with correlation length, σi, given by a combination of the local-
ization uncertainty for an individual fluorophore and the size of a
primary and secondary antibody complex used to label the protein
of interest. Both detection and labeling originate from statistical pro-
cesses. Here, Nc is the total number of correlated distances and σ is
the mean positional uncertainty for all localizations coupled to one
protein of interest. Equation (5) is valid for r ∼ σ.

On length scales longer than the correlation length, the cdf
was characterized by a distance distribution for uncorrelated local-
izations. Assuming a homogeneous, random organization of local-
izations within a given field-of-view of area, A, the cdf follows a
quadratic dependence on distance as

cd f (r) = Nu
πr2

A
, (6)

where Nu is the number of uncorrelated distances.
Thus, the general form for the spatial correlation function was

a linear combination of the correlated and the uncorrelated part,

cd f (r) = Nc(1 − e−
r2

4σ2 ) +Nu
πr2

A
. (7)

Running a simulation on 2048 individual molecules randomly
positioned in a box of 2 × 2 μm2, each detected by 100 localizations
at a positional accuracy of 20 nm [see Fig. 1(d) of the supplementary
material], the distance distribution was calculated and its depen-
dence on the squared distance, r2, is shown [see Fig. 1(e) of the
supplementary material]. For squared distances beyond 4 × 10−3

μm2, the cdf(r) became linearly dependent on r2 with the slope of
πNu/A and y-intersect at Nc(2 × 107) as predicted.

Calculation of number of molecules from the fit

From Nc, the number of molecules was calculated as follows:
The number of localizations, N, originating from Nm molecules each
being observed ni times is given by

N =∑Nm

i=1ni = Nm⟨n⟩, (8)

where <n> is the average number of observations per molecule.
Hence, N2 = (Nm⟨n⟩)2.

Likewise, the total number of correlated distances, Nc per
molecule is given by ni × (ni − 1). For all molecules, this yields

Nc =∑Nm

i=1(n
2
i − ni) = (Nm)2⟨n2⟩N. (9)

Therefore,

N2

Nc +N
= (Nm⟨n⟩)2

(Nm)2⟨n2⟩ . (10)

Rearranging gives

Nm =
N2

Nc +N
⋅ (1 + var(n)

⟨n2⟩ ), (11)

where var(n) = ⟨n2⟩ − ⟨n⟩2 is the variance in the number of detec-
tions per molecule. The second term, (1 + var(n)

⟨n2⟩ ), summarizes the
properties of the joined statistics of labeling and photophysics of the
fluorophores and its value varies between 1 and 2, depending on
which of the various processes dominate the joined statistics and for
a typical dSTORM experiment is close to one (see the supplementary
material for a more detailed analysis).
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Simulations were performed for densities between 40 and 4000
randomly distributed molecules on an area of 2 × 2 μm2. 100
localizations per molecule were simulated with a mean positional
accuracy σ = 20 nm. At high densities, there was a significant over-
lap of molecules within the image [see Fig. 1(d) of the supplementary
material]. The number of estimated molecules faithfully followed the
input within an error of <10% [see Fig. 1(f) of the supplementary
material].

Estimation of the number of molecules
in an adhesion

In the quantification of the number of correlated distances, it
was assumed that all molecules were randomly organized, which is
not the case for molecule clusters such as present in a cell–matrix
adhesion. This restriction is readily lifted by the addition of a second
exponential term with weight, NL that accounts for a length scale,
and L that characterizes any spatial structures in real data. In this
case, the cdf for a nonlinear regime becomes

cd f (r) = Nc(1 − e−
r2

4σ2 ) +NL(1 − e−
r2

L2 ). (12)

For the distinction of the two components, the typical structural
length scale should be significantly larger than the positional accu-
racy, L > 4σ, typically 40 nm for a positional accuracy of 10 nm. The
structure parameter of adhesion clustering measured here was way
above this threshold, L = 120 ± 40 nm. Hence, the method described
above provides a very general solution for molecule counting in
super-resolution microscopy, where

Nm =
N2

Nc +N
⋅ (1 + var(n)

⟨n2⟩ ). (13)

Deflection analysis

Pillar deflections were determined at ∼50 nm precision using a
specifically designed Matlab script. The pillar locations were deter-
mined from the labeled fibronectin fluorescence images using a fit
to the cross-correlation function between a perfect binary circle
and the local fluorescence of one pillar. Those positions were com-
pared to those of a perfect hexagonal grid used as reference. From
an undeflected array image, the accuracy was found to be 47.1 nm
[see Figs. 1(b) and 1(c) of the supplementary material], which corre-
sponds to a force accuracy of 780 pN and 3.1 nN on the pillar array
of Eeff = 11.6 kPa and 47.2 kPa, respectively. Masks for adhesions
corresponding to individual pillars of interest were manually drawn
for each case.

Statistical analysis

p-values were calculated using the F-test for linear regression
analysis using GraphPad Prism 6.0.

SUPPLEMENTARY MATERIAL

See the supplementary material for supplementary Figs. 1–3,
cdf calculations, and estimation of coefficient-of-variation for num-
ber of detections per molecule (relating to term var(n)= ⟨n2⟩ − ⟨n⟩2),
and a simulation for the combined statistics with secondary antibody
labeling.
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